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ABSTRACT: [NiFe] hydrogenases are metalloenzymes that catalyze the reversible
oxidation of H2. While electron transfer to and from the active site is understood to
occur through iron−sulfur clusters, the mechanism of proton transfer is still debated.
Two mechanisms for proton exchange with the active site have been proposed that
involve distinct and conserved ionizable amino acid residues, one a glutamate, and
the other an arginine. To examine the potential role of the conserved glutamate on
active site acid−base chemistry, we mutated the putative proton donor E17 to Q in
the soluble hydrogenase I from Pyrococcus furiosus using site directed mutagenesis.
FTIR spectroscopy, sensitive to the CO and CN ligands of the active site, reveals
catalytically active species generated upon reduction with H2, including absorption
features consistent with the Nia-C intermediate. Time-resolved IR spectroscopy, which probes active site dynamics after hydride
photolysis from Nia-C, indicates the E17Q mutation does not interfere with the hydride photolysis process generating known
intermediates Nia-I

1 and Nia-I
2. Strikingly, the E17Q mutation disrupts obligatory proton-coupled electron transfer from the Nia-I

1

state, thereby preventing formation of Nia-S. These results directly establish E17 as a proton donor/acceptor in the Nia-S↔ Nia-C
equilibrium.

■ INTRODUCTION

Numerous microorganisms utilize H2 as an electron source or
H+ as an electron sink during metabolism through the action of
enzymes called hydrogenases (H2ases).

1−4 These enzymes are
differentiated by their active site metal content as [NiFe],
[FeFe], or [Fe]. The active sites of [NiFe] and [FeFe] H2ases
are buried within the protein core, requiring movement of H2,
electrons, and protons through the protein structure.5,6 Despite
the necessity of long-range proton transfer (PT) and electron
transfer (ET) between the active site and protein surface,
H2ases are remarkably efficient and reversible proton reduction
catalysts, functioning near the thermodynamic limit with high
turnover numbers.7−10 A detailed understanding of the
structure−function relationship of H2ases that engenders
efficient proton and electron transport, energetic leveling of
intermediates, and efficient heterolytic cleavage of H2 will lead
to the development of new catalysts that meet, or exceed,
enzymatic function11−13 for applications in clean fuel
generation.14,15

Mechanistically, [NiFe] H2ases are best understood because
of extensive characterization of their catalytic intermediates and
corresponding reactivity (Supporting Information Scheme
S1).5,6,16,17 It is generally agreed that substrate H2 is
transported through hydrophobic gas channels leading to the
active site nickel5,6,18−21 and that ET occurs through a chain of
closely spaced (<15 Å) redox-active FeS clusters that
electronically connect the protein surface and active
site.5,6,18,22−24 In contrast, while it is clear that the protein

matrix assists PT, neither the residue(s) involved nor their
impacts on catalysis are known.6,18,25−28 Thus, a significant
challenge in understanding the [NiFe] H2ase catalytic
mechanism is the identification of species mediating PT and
exploration of their reactivity.
In some postulated PT mechanisms, a cysteine terminally

bound to the nickel ion of the active site (Scheme 1) accepts a
proton during catalysis as supported by experimental28,29 and
theoretical studies,30−33 and by organometallic model sys-
tems.34−36 The hypothesis is also circumstantially supported by
the natural occurrence of [NiFeSe] H2ases, which contain a
terminal selenocysteine in place of a cysteine and exhibit higher
overall activity, lower product inhibition, and enhanced O2
tolerance.37−40 Multiple PT pathways connecting a protonated
cysteine thiol to the protein surface have been hypothesized
based on X-ray crystallography,5,18,28,41−43 site directed muta-
genesis in conjunction with spectroscopic and kinetic
methods,44,45 and theoretical simulations.26,27,46 Such studies
support a pathway immediately beyond the first coordination
sphere of the nickel ion involving a conserved glutamate
adjacent to a terminal cysteine (E−C mechanism in Scheme 1).
Another hypothesis is that a conserved arginine, located

above the [NiFe] bridging substrate position, may also function
in proton transport (R mechanism in Scheme 1). This residue
has recently been proposed to function together with the active
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site as a frustrated Lewis pair to polarize and heterolytically
cleave H2;

47 thus, it is reasonable to hypothesize it may become
protonated after H−H bond cleavage. Once protonated, this
arginine must then exchange protons with bulk solvent to
maintain catalysis. A hydrogen bonded network has been
examined which may facilitate proton exchange from arginine
to the protein surface.48 This mechanism is particularly
appealing because it is analogous to PT at the active site in
[FeFe] H2ases

6,49−51 and is similar to biomimetic synthetic
catalysts containing pendant amines for proton reduc-
tion.11,12,52 Arginine is an uncommon base in enzyme catalysis
with a very high pKa that is not significantly tuned by the
surrounding environment because of the delocalization of the
positive charge.53 Nevertheless, there are examples of enzymes
in which arginine functions in this way.54

It is unclear which of the two potential PT mechanisms
(Scheme 1) is responsible for efficient PT and H2 activation in
[NiFe] H2ases. The thermodynamic implications of the two
mechanisms are significant because the pKa of glutamate and
arginine differ by >8 units in solution. Additionally, PT at the
active site is coupled to ET during turnover (proton-coupled
electron transfer, PCET),17,55 and thus the substantial differ-
ence of the two pathways has significant impact on the (PC)ET
thermodynamics and kinetics.
We have previously examined the PCET chemistry at the

active site of soluble hydrogenase I (SHI) from Pyrococcus
furiosus (Pf) through photoreduction and hydride photolysis
dynamics.17,55 These studies demonstrated that concerted
PCET occurs during the transition between catalytic
intermediates Nia-S and Nia-I, which rapidly forms Nia-C
(Supporting Information Scheme S1), and that this transition is
modulated by an amino acid residue adjacent to the active site
with pKa ≈ 7. We hypothesized this amino acid is the conserved
glutamate (E17, Pf SHI numbering). Herein, we directly confirm
this hypothesis by site directed mutagenesis (SDM), mutating
E17 to the structurally similar, but nonionizable amino acid
glutamine (E17Q). Using steady state and time-resolved
spectroscopy, we demonstrate that although the E17Q SHI
active site displays a distribution of putative catalytically active
states, it cannot facilitate the PCET required for the Nia-S ↔
Nia-C transition, identifying E17 as the proton acceptor adjacent
to the terminal cysteine in the [NiFe] H2ase active site.

■ EXPERIMENTAL METHODS
Materials. Potassium phosphate monobasic, potassium phosphate

dibasic, MES, EPPS, myoglobin, and sodium dithionite were
purchased from Sigma-Aldrich. H2(5%)/N2(95%) and N2
(99.9999%) were purchased from Nexair. Amicon centrifugal protein
concentrators were purchased from EMD Millipore.

Construction, Expression, and Purification of E17Q. The
plasmid encoding the E17Q variant of PF0894 (encoding SHI) was
constructed by following the protocol of the QuikChange II Site-
Directed Mutagenesis Kit (Agilent Technologies). The site mutated
gene was amplified from the sequence confirmed plasmid and
assembled with the pyrF selection marker, Pslp as the promoter, a 9x-
His tag at the N-terminus, and upstream (UFR) and downstream
flanking (DFR) region by overlapping PCR as previously reported.56

The flanking regions were targeted at the PF0574-PF0575 intergenic
space. By homologous recombination, the linear knock-in cassette was
transformed into MW0015 (ΔpyrF ΔshIbgda ΔshIIbgda) as shown in
Supporting Information Figure S1. MW0015 does not contain any
cytoplasmic hydrogenase activity, so the activity of the E17Q SHI could
be quickly screened by measuring hydrogen evolution activity in the
cytoplasmic extract (S100). The sequence-confirmed clone
(MW0505) was used for large-scale fermentation, protein purification,
and characterization as previously reported.56 Briefly, cells harvested
from a 20-L fermentation were lysed in 50 mM Tris buffer, pH 8.0,
containing 2 mM dithiothreitol (DTT) and 50 μg/mL DNase with a
cell (g, wet weight) to buffer (ml) ratio of 1:5 in an anaerobic
chamber. The S100 obtained after ultracentrifugation was directly
loaded on a Ni-NTA column and the bound protein was obtained by
gradient elution. The hydrogenase was further purified by QFF
chromatography and used for spectroscopic characterizations.

SHI H+ Reduction Activity Measurements. The proton
reduction activity of E17Q SHI was measured as previously reported
with only minor modification.17 Assays were carried out in anaerobic
glass vials with 2 mL of 100 mM EPPS buffer, pH 8.4. 1 mM methyl
viologen reduced by 10 mM DT was used as the electron donor, and
the assays were performed at 80 °C for 6 min. Hydrogen production
was analyzed by a 6850 Network Gas Chromatography (GC) system
from Agilent technologies. One unit (U) of activity is equal to 1 μmol
of H2 produced min−1.

SHI H2 Oxidation Activity Measurements. The enzyme was
activated by incubation under hydrogen for 2 h. A stirred solution of
71−142 nM hydrogenase at 25 °C, pH 7.5 50 mM phosphate buffer
was saturated with hydrogen gas in a low volume cuvette. Injection of
3.4 mM methyl viologen initiates hydrogen oxidation, which is
monitored by growth of the reduced methyl viologen absorbance at
605 nm (ε ≈ 14500 cm−1 M−1). Independently, a similar procedure
was followed to monitor benzyl viologen reduction at 80 °C in a sealed
assay vial containing pH 8.4 100 mM EPPS and 1 mM benzyl
viologen. The growth of reduced benzyl viologen was monitored at
580 nm (ε ≈ 8800 cm−1 M−1). All measurements were repeated in
triplicate. Turnover frequencies and specific activity indicate E17Q
activity is ∼19% that of WT.

Sample Preparation for Spectroscopy. Sample preparation for
the E17Q SHI for UV−vis, FTIR, and transient infrared (TRIR)
spectroscopy were performed in an anaerobic glovebox containing 4%
H2 in N2 identically as previously reported for WT SHI.17,55 Briefly, 3
mg of E17Q SHI were buffer exchanged into the desired buffer (10 mM
MES for pH 6.5, 100 mM KPi for pH 7.5, and 100 mM EPPS for pH
8.5) pre-equilibrated with the glovebox atmosphere by 5-fold
concentration−dilution cycles using an Amicon 50 kDa molecular

Scheme 1. Proposed PT Pathways at the [NiFe] Hydrogenase Active Sitea

aMigrating proton is depicted in red, and transient cysteine protonation is shaded.
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weight cutoff centrifuge filter. After being buffer exchanged, samples
were concentrated to a final volume of 15−20 μL (∼1−2 mM) and
loaded into a 75 μm path length IR transmission cell.55 The reference
was prepared by dissolving 4.8 mg of horse heart myoglobin into the
desired buffer, reducing it with dithionite and concentrating it in an
Amicon 3 kDa filter to 50 μL (∼5 mM) in order to match the optical
density of the sample at 532 nm. After loading the sample and
reference, the transmission cell was sealed anaerobically. This sample
preparation protocol was used for all measurements.
UV−vis Spectroscopy. UV−vis spectra were measured on a

home-built single beam transmission based fiber coupled system with
an Ocean Optics QE65000 thermoelectric cooled CCD spectrometer
and a 30 W xenon lamp,17,55 or on a PerkinElmer Lambda 35 UV/vis
spectrometer.
FTIR Spectroscopy. FTIR spectra were measured at room

temperature on a Varian 660 FTIR spectrometer (Agilent
Technologies, Inc.), at 2 cm−1 resolution and baseline subtracted.17,55

FTIR spectra were fit in the CO region by four to five pseudo-Voigt
functions.55

TRIR Spectroscopy. TRIR measurements were performed on the
same samples used for the UV−vis and FTIR measurements. They
were performed as previously described, with minor modifications.55

Briefly, the nanosecond TRIR system employs the second harmonic
(532 nm) of a Surelight Nd:YAG (Continuum, Inc.) as the excitation
source and a tunable quantum cascade laser (Daylight Solutions, Inc.)
as the probe source. The infrared detector is a 1 mm mercury
cadmium telluride element with a 20 MHz preamplifier and a 100 ns
rise time (Kolmar Technologies, Inc.). The sample excitation energy
was set between 200 and 450 μJ/pulse and focused to a 350 μm−1
mm diameter spot giving an energy density of 50−400 mJ/cm2. The
QCL probe was focused to a 90 μm diameter spot and overlapped
with the pump by maximizing the solvent heating signature induced by
the nonradiative decay of pump pulse absorption in either the
myoglobin reference or the H2ase sample solution.
The solvent heating background signal is removed from the sample

transient by subtracting the reference transient containing the identical
background solvent heating signature.17 Before subtraction, the
reference heating signature was normalized to the sample between
200 and 800 μs, which is well separated from the H2ase transient
dynamics. Optical feedback creates noise in the QCL output that is
observed between 200 μs and 10 ms. This noise gives rise to ∼20 μOD
oscillations around zero absorbance. To avoid lifetime measurement
error associated with incorrect baseline weighting, single wavelength
transients were fit to single exponentials from 100 ns to 100 μs, which
for the photochemical process measured in this work is at least 20
lifetimes, giving ample data for accurate lifetime fitting. Single
wavelength absorption transients were temporally binned between
100−500 ns and 5−10 μs at each wavelength to generate a transient
spectrum. The transient spectrum was fit by three pseudo Voigt
functions analogous to the fitting procedure used for FTIR fitting.
Temperature dependent transient measurements were obtained by

modulating the temperature of the sample with an externally
controlled recirculating water bath (Thermo Fisher Scientific, Inc.).
Target temperatures were set on the water bath, and the temperature
at the sample during data acquisition was determined by a
thermocouple directly attached to the IR transmission cell.

■ RESULTS

The E17Q Pf SHI was prepared by site directed mutagenesis,
purified to homogeneity by affinity chromatography and
assayed for H+ reduction activity by the dithionite-methyl
viologen assay as described in the Experimental Methods. The
H2 evolution activity of the E17Q exchanged enzyme was ca.
10% compared to wild type (WT, Supporting Information
Figure S2). Similar residual activity has been previously
reported for mutations of the distal glutamate in [NiFe]-
H2ases.

45 The basal H+ reduction activity of the E17Q
exchanged enzyme indicates that despite significant attenuation,

the E17Q SHI is still capable of reducing protons and thus the
capacity to transfer protons to and from the active site can still
occur, albeit at diminished levels. The H2 oxidation activity of
the E17Q SHI was 19% compared to WT (Supporting
Information Figure S3), shifting the catalytic bias toward H2
oxidation as observed when using soluble redox mediators. The
difference in attenuation of H2 oxidation versus H2 production
rates can be rationalized by observations that the two reactions
have different rate-determining steps.57 A similar, but more
dramatic attenuation of H2 oxidation activity has been reported
for the conserved arginine residue; thus, PT and catalysis may
not follow one single pathway exclusively.47 The observation of
attenuation of activity in both enzyme variants highlights the
shortcomings of a purely activity based assessment of the
mutational effect.
To further probe the mechanistic implications of the E17Q

exchange, we examined the FTIR spectrum of the [NiFe] active
site in the νCO region. The FTIR spectra of WT and E17Q Pf
SHI prepared identically at pH 7.5 in an atmosphere of 4% H2
in N2 are compared in Figure 1. The WT spectrum (Figure 1

blue circles, reproduced from ref 55) reveals a mixture of
chemically and kinetically competent active states, the most
clearly resolved corresponding to Nia-C (1966.8 cm−1) and Nia-
SR (1952.7 cm−1) as well as minor peaks consistent with Nia-S
(1946.8 cm−1) and the ready but inactive Nir-S (1931.3 cm−1)
and Ni-SR′ (1939.3 cm−1) states (summarized in Supporting
Information Table S1).17,55,58,59 By comparison, the FTIR
spectrum of the E17Q enzyme (Figure 1 red circles) displays
significantly less overall νCO amplitude and a distinct
equilibrium peak distribution. The decreased total νCO
amplitude cannot be accounted for by a difference in enzyme
concentration, as the UV−vis spectra of the WT and E17Q
samples are nearly identical in the FeS cluster absorption region
(λ < 600 nm, Figure 1 inset). This observation may indicate a
role for E17 in [NiFe] active site assembly and incorporation.
The FTIR spectrum of E17Q contains bands that correspond to
Nia-C (1966.2 cm−1), Nia-SR (1951.4 cm−1), Ni-SR′ (1943.2
cm−1), and Nir-S (1932.8 cm

−1), all of which are shifted slightly
from WT enzyme. The Ni-SR′ species is the most shifted
relative to WT (∼4 cm−1) and may indicate some population of
Nia-S which is not clearly resolved by spectral fitting. The
presence or absence of Nia-S is not apparent from the FTIR
fitting, although due to the low concentration of Nia-S in WT

Figure 1. FTIR and UV−vis spectrum of the WT (blue) and E17Q
(red) Pf SHI in 4% H2 atmosphere at pH 7.5 and associated fits to
experimental data (black lines). The data were fit to a function
containing five independent pseudo-Voigt components. Inset shows
UV−vis spectra of WT (blue) and E17Q (red) Pf SHI prior to FTIR
characterization.
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samples as well as the lower signal-to-noise and spectral
congestion of the E17Q spectrum, its presence cannot be ruled
out. A small amplitude resonance at ∼1958 cm−1 is also
observed, which is most closely associated with the oxygen
inhibited Nir-B state.58,60 Comparison of the two FTIR spectra
over the entire νCO and νCN absorption envelope as well as
second derivative spectra are reported in the Supporting
Information Figures S4 and S5, respectively.
The νCO resonances of the Nia-S and Nia-C states in the WT

enzyme are shifted by changing the pH between pH 6−8.55
This effect is attributed to two distinct phenomena occurring
over a very narrow pH range. The first contribution to the shift
is derived from the pH dependent redox potentials of both the
Nia-S ↔ Nia-C and Nia-C ↔ Nia-SR transitions, which are
proton coupled transitions that shift with pH in a nearly
Nernstian fashion.61−63 In contrast, the reduction potentials of
FeS clusters are nearly pH independent.64 As a consequence,
when modulating pH at fixed reductant concentration (H2), the
redox equilibrium between the proximal FeS cluster and [NiFe]
active site shifts toward FeS reduction at high pH. Reduction of
the proximal FeS cluster results in a slight increase in electron
density at the [NiFe] active site, a concomitant increase in π*
back-bonding in the Fe−C(O) bond, and a red shift of the νCO
band. The second phenomenon is an acid−base equilibrium
near the active site.55 This equilibrium modulates a hydrogen
bond to the active site, presumably to one of the active site
thiolates. Elimination of this hydrogen bond at high pH
increases the electron density at the active site, resulting in a
red shift of the νCO band analogously as above. The two
processes are observed over a very narrow pH or potential
window, making them difficult to deconvolve by steady state
techniques. The pH dependent Nia-C state resonance of the
E17Q SHI shifts −0.8 cm−1 between pH 6.5 and 8.5
(Supporting Information Figure S6) whereas the WT enzyme
is shifted −1.5 cm−1 over a similar range.55 Apparently, the
E17Q substitution turns off the acid−base equilibrium such that
only the pH dependent redox potentials contribute to the shift
in this case.
The Nia-C state is inherently photosensitive, and under

illumination the metal bridging hydride can be photolyzed by
reductive elimination to produce a proton and a formal Ni1+

species at the [NiFe] active site termed Nia-I
(1/2) (previously

termed Ni-L).17,55,65,66 This Nia-I species represents an
obligatory intermediate in the conversion of Nia-S ↔ Nia-
C17,55,67 and can be stabilized in the absence of light in certain
enzymes and experimental conditions.68−70 Thus, the redefini-
tion of “Ni-L” to “Nia-I” addresses these recent findings and
follows established [NiFe] H2ase intermediate nomenclature,
where the subscript “a” indicates this species is an active state in
catalysis, and the “I” indicates a paramagnetic fleeting
intermediate rather than a metastable paramagnetic intermedi-
ate (like Niu-A/Nir-B/Nia-C) or light induced artifact (Ni-L).
In the WT Pf SHI, at pH > 6.5 and in conditions where the
proximal FeS cluster remains oxidized, the Nia-I

1 state can form
Nia-S with a rate constant of 1.8 × 105 s−1 at 20 °C via a PCET
mechanism (Supporting Information Scheme S1, Figure 2).
The transiently formed Nia-S state then relaxes back to Nia-C
on the 100 μs time scale.55 Our hypothesis that E17 functions as
the base during the aforementioned PCET reaction would thus
be most clearly tested by examining the photochemistry of
E17Q. Figure 2 shows the transient spectrum of E17Q prior to
Nia-S formation in WT (100−500 ns) and at the peak of Nia-S
formation in WT (5−10 μs) after 532 nm excitation. Between

100 and 500 ns we observe a single bleach feature at 1965.7
cm−1, indicating Nia-C is photolyzed in the E17Q enzyme. In
addition, two induced absorbance features were observed at
1916.2 and 1919.7 cm−1 with approximately equal amplitude,
very similar to the Nia-I

1 (1918 cm−1) and Nia-I
2 (1922 cm−1)

states of the WT enzyme at pH 7.5. Interestingly, we also
observed a small transient absorption at 1913 cm−1 that is
potentially associated with a small bleach at 1959 cm−1, which
may represent an alternative Nia-C like state in the E17Q SHI.
The spectrum generated at a later time (5−10 μs, Figure 2),

where significant Nia-S formation is observed in the WT SHI at
this pH (Supporting Information Figure S7), exhibits no
evidence for Nia-S formation despite the E17Q enzyme being
more oxidized than the WT enzyme (Figure 1 inset). The
transient spectrum of the Nia-I

1 and Nia-I
2 species between 5

and 10 μs shows a slight shift relative to the 100−500 ns
spectrum, which is not manifested in the Nia-C state bleach.
This could be due to a change in the local environment of these
species on this time scale. An alternative explanation, that the
spectral shift is an artifact caused by the low signal-to-noise
ratio and biasing of the curve fitting by the persistent small
induced absorption feature at 1913 cm−1 (vide supra), is also
possible. Based on our previous experiments with WT Pf SHI,
we favor the latter explanation. At pH 6.5 and 8.5 under similar
conditions the E17Q SHI forms both Nia-I

1−Nia-I2 instanta-
neously after excitation at approximately equal populations
(Supporting Information Figure S8) and no Nia-S formation is
observed at any time during hydride recovery (Supporting
Information Figure S9).
The kinetic evolution of the Nia-I

1 and Nia-I
2 states at pH 7.5

was further examined by single wavelength kinetics at 1916 and
1920 cm−1 respectively. Nia-C was also examined (1966 cm−1)
to establish a kinetic understanding of the photochemical
reaction (Figure 3). In the WT enzyme, decay kinetics for Nia-

Figure 2. Normalized transient IR spectrum of E17Q (red circles) and
WT (blue circles) Pf SHI at pH 7.5 between 100 and 500 ns (top) and
5−10 μs (bottom) after 532 nm excitation and associated fit to the
experimental data (black lines). Fit components are represented as
shaded Voigt profiles for Nia-C (green), Nia-S (red), Nia-I

2 (orange),
and Nia-I

1 (tan). The E17Q data are scaled by a factor of 3 for
comparison to WT data and offset from the baseline for clarity.
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I1 and Nia-I
2 are observed to be monoexponential, whereas the

Nia-S (transient formation and decay) and Nia-C (recovery)
dynamics are observed to be biexponential.17,55 For the E17Q
SHI, decay of both Nia-I

1 and Nia-I
2 as well as recovery of Nia-C

were modeled well by single exponentials with nearly identical
rate constants within error ((1.39−1.51) × 105 s−1), indicating
no additional intermediates are populated in the reformation of
Nia-C from the Nia-I states and rapid interconversion between
Nia-I

1 and Nia-I
2 is maintained in the E17Q SHI (Figure 3). In

summary, there is no evidence of Nia-S formation over the time
course of the measurements based on transient spectra at pH
6.5, 7.5, and 8.5, by single wavelength analysis of Nia-S probed
at 1950 cm−1 (Supporting Information Figure S10) and by
kinetic analysis of Nia-C reformation. PCET to form Nia-S
requires that a nearby FeS cluster be oxidized, which can accept
the outgoing electron in the Nia-C→ Nia-S transition. Based on
the nearly identical UV−vis features of the WT and E17Q
samples at pH 7.5 (Figure 1 inset), we conclude that they
should have equal probability of ET and thus the E17 to Q
mutation does not impede the ET step of the PCET, but rather
the PT step.
Finally, we have investigated the thermodynamics of the

resultant Nia-C ↔ Nia-I tautomerization in the E17Q SHI by
temperature dependent kinetic analysis of hydride recovery at
pH 6.5 and 8.5 (Supporting Information Figure S11). In the
WT enzyme, the barrier measured at basic pH, where the
ancillary [FeS] clusters are reduced and thus PCET mediated
oxidation of Nia-I

1 cannot occur, was determined to be 32 kJ/
mol. The barrier at high pH is significantly smaller than that
measured at pH < 7 (40 kJ/mol). At low pH, the PCET
equilibrium between Nia-I

1 and Nia-S raises the apparent barrier
for hydride recovery, since this coupled process also contains a
small, but appreciable barrier (Ea = 6.1 kJ/mol).55 Thus, the
difference in apparent barrier at low and high pH reports on the
additional PCET competent pathway in the WT SHI. The
apparent barrier for hydride reformation of the E17Q SHI at
both pH 6.5 and 8.5 were measured to 36 ± 2 and 38 ± 2 kJ/
mol respectively (Supporting Information Figure S11). The
two barriers, one above and the other below the redox couple
of the proximal FeS cluster, are slightly larger than that
observed for the WT enzyme. The lack of difference in
apparent barrier for the two pH extremes indicates the hydride
recovery mechanism is identical at low and high pH, with no
additional coupled chemical pathways (only Nia-I

1 ↔ Nia-C).

The larger barrier for hydride recovery in the E17Q SHI
(average of 37 kJ/mol) relative to WT (32 kJ/mol) may be due
to stabilization of the Nia-I states by a different H-bonding
character of the E17Q mutation, which can donate or accept H-
bonds, potentially stabilizing the Nia-I

(1/2) state(s).

■ DISCUSSION
The aggregate evidence of site directed mutagenesis, steady
state as well as transient spectroscopy, kinetics, and
thermodynamics of hydride photolysis and recovery is
consistent with the previously proposed E-C mechanism for
PT in the Nia-S ↔ Nia-C transition, as illustrated in Scheme
1.55 In this mechanism, PCET from Nia-C to form Nia-S occurs
in two distinct steps. Initially, the Nia-C state tautomerizes to
form an isoelectronic Nia-I

(1/2) state via reductive elimination,
and thus the charge on the extended active site remains
constant. This transition is proposed to be a Ni3+-H− (Nia-C)
to Ni+ + H+ (Nia-I

1/2) transition,6 but the location of the proton
has been, until now, unclear. Despite having significant
ramifications on rapid and reversible interconversion of Nia-S
and Nia-C, the E → Q substitution does not completely abolish
H2 oxidation or H2 production activity indicating that protons
can still exchange with the active site.
For “standard” (O2-sensitive or O2-intolerant) [NiFe]

H2ases, Nia-C is dominant over the Nia-I state in solution at
potentials where both could exist. In contrast, in the O2 tolerant
[NiFe] H2ases the transition between Nia-C and Nia-I is
achievable under a variety of conditions, and enhanced
significantly above pH 7.71−73 One explanation for this
difference could be the subtle weakening of the Ni3+−H−

bond strength in the O2-tolerant [NiFe] H2ases,
73 decreasing

its pKa. Thus, the barrier for the tautomer interconversion is
expected to be reasonably low, even in the standard [NiFe]
H2ases, a critical requirement for rapid and reversible catalysis.
Despite the more tightly bound hydride in the “standard”
H2ases, they exhibit higher activity in both H

+ reduction and H2
oxidation. This observation seems counterintuitive, but the rate
of tautomerization is very rapid relative to turnover, and
therefore there may be alternative explanations for the
enhanced activity of “standard” [NiFe] H2ases.
The closest base to the hydride ligand is the terminally

coordinated cysteine thiolate at ca. 2.5 Å.5 The next closest base
is the bridgehead arginine, with the δN atom being 3.6 Å away.5

Experimental evidence indicates the base that accepts the
proton in the Nia-C↔ Nia-I transition is the nickel thiolate,

29,74

but this conclusion was based largely on DFT modeling of
spectral properties of the Nia-I state. Thiolate as the proton
acceptor makes sense chemically based on its closer proximity
relative to the arginine and the higher pKa expected for the Ni+

coordinated thiolate compared to Ni2+ or Ni3+.
A critical distinction between the two possible proton

acceptors in the tautomerization of Nia-C to Nia-I is
immediately clear when considering the second step necessary
in Nia-C ↔ Nia-S conversion, (PC)ET. If the hydride
dissociates to the bridgehead arginine upon tautomerization,
direct ET from Ni+ to the proximal FeS cluster would result in
Nia-S formation (R mechanism). This process would thus be
pH independent and have no kinetic isotope effect (KIE).
Alternatively, in the E-C mechanism (Scheme 1) the
conversion of Nia-I to Nia-S would involve a PCET event, as
the terminal cysteine is believed to be deprotonated in the Nia-
S state,6,32 although some theoretical studies favor a
permanently protonated thiol at the terminal position trans

Figure 3. Single wavelength transients of E17Q SHI monitored at 1915
cm−1 (tan dots), 1921 cm−1 (orange dots), and 1966 cm−1 (green
dots) after 532 nm laser excitation and associated monoexponential
fits to experimental data (black lines). Small baseline fluctuations
beyond 200 μs are due to laser feedback noise.
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to the hydride.30,33 In the E−C mechanism, the terminal thiol
would not be solvent exchangeable due to the requirement for
subsequent PCET, fully consistent with experimental observa-
tions from spectroelectrochemistry.71 We have previously
observed a KIE of >40 for the Nia-I

1 ↔ Nia-S interconversion,
indicative of a concerted PCET event with significant nuclear
tunneling, whereas the KIE for Nia-I

(1/2) → Nia-C is only 3.17,55

In addition, the KIE of the Nia-I ↔ Nia-S transition is pH
dependent and correlated with the pH dependent shift of the
Nia-C νCO resonance, which was postulated to be associated
with acid−base chemistry of an adjacent hydrogen bonded
residue (E17).

17,55 The data presented herein demonstrate that,
upon substitution of Q for E17, all PCET chemistry is shut
down, validating the E−C mechanism and the central role of an
E−C dyad in facilitating concerted PCET at the active site
remote from the nickel.
Within this model, it is possible to address the PCET

chemistry of the [NiFe] H2ases from a thermochemical
perspective. Scheme 2 describes a “square scheme” for potential

PCET pathways within the E−C mechanism. PCET can occur
via a ET-PT (down then right), PT-ET (right then down), or
concerted PCET (diagonal) mechanism.75−77 As detailed
above, the experimental evidence strongly supports the
concerted reaction.17,55 Considering our previous measure-
ments of the pKa of E17 at ∼7 in the WT Pf SHI as well as the
known reduction potential of the redox active FeS
cluster,55,78,79 it becomes clear why the concerted pathway is
thermodynamically advantageous. Since the PT active terminal
cysteine appears to remain thiolate in character in the Nia-S
state, the pKa is anticipated to be lower than 7; thus, PT from
E17 would be unfavorable (ΔG0 > 0) making a PT-ET
mechanism unfavorable. In addition, reduction of Nia-S is likely
unfavorable since no Ni+ states are observed without a coupled
PT event, consistent with reduction potentials of biomimetic
model compounds in the absence of an acid.80−83 Thus, the
coupling of ET to PT in a concerted step allows for low barrier
interconversion of Nia-S and Nia-I. With the flurry of recent
advances in synthetic modeling of the [NiFe] active site,81−86 it
will be interesting to compare pKa values of hydrides and
terminal thiols with reduction potentials of model compounds

and their capacity for concerted PCET chemistry relevant to
that observed in H2ase.
In the WT enzyme, the photochemical reaction following

laser excitation of Nia-C can be described by the equilibria:55

After excitation, formation of Nia-S from Nia-I
1 is

spontaneous and competitive with Nia-I
2 decay back to Nia-C.

This necessitates that ΔGPCET from Nia-I
1 to Nia-S be negative.

During the photochemical evolution between 10 and 20 μs the
population of Nia-S remains essentially unchanged (because k−1
≈ k3, k3 > k−3, and Nia-I

1/2 rapidly interconvert);17,55 thus, the
final step in this scheme establishes a pre-equilibrium (d[S]/dt
= 0) before the system returns to the initial state. Under this
condition, the value of ΔGPCET can be calculated from eqs 1
and 2,

= =
−
−−

K
k

k
(3)

[Ni S]
[Ni I ]eq

3

3

a

a
1

(1)

Δ = − · ·G R T Kln[ (3)]PCET eq (2)

where R is the gas constant and T is the temperature in Kelvin.
Using the transient spectrum generated at the 10−20 μs time
scale and quantifying the relative concentrations of Nia-S and
Nia-I

1 based on their integrated intensities (scaled for
wavelength dependent M−CO oscillator strength)87 we can
solve these equations, yielding a ΔGPCET of −1 kJ/mol, which is
consistent with the minimal energetic differences between these
states from theory.31,32 We have also measured a small
activation barrier of 6 kJ/mol for the reverse reaction.17

Thus, the concerted PCET reaction creates a nearly barrierless
(5 kJ/mol) transition between two energetically very similar
states, Nia-S and Nia-I

1, a hallmark of efficient and reversible
catalysis.
Based on the initial population of Nia-I

1 and Nia-I
2 and their

coupled decay kinetics, these two states are nearly isoenergetic
and rapidly interconvert. We have previously interpreted the
interconversion to be due to a H-bond isomerization, where, in
the Nia-I

1 form, the thiol forms a H-bond with the PT partner
(now established to be E17), a prerequisite for H

+ tunneling. In
the Nia-I

2 state this bond is broken and the glutamate of E17
instead may form H-bonds to the hydroxyl group of a threonine
and the backbone NH of an alanine. The latter H-bonding
configuration is observed in most X-ray structures of the
[NiFe] H2ases,

5 which displays some disorder in certain
structures implying multiple conformations.43 Further data
from site directed mutagenesis targeting this threonine has
shown that it facilitates Nia-S formation, modulates the
glutamate conformation, and is important in proper enzyme
function and H+ exchange.88 Rapid H-bond isomerization
between Nia-I

1 and Nia-I
2 is plausible since the H-bonding

character of thiols and thiolates are relatively weak. Since the
Nia-I

1 ↔ Nia-I
2 equilibrium reaches steady state faster than the

100 ns time resolution of the methods reported herein, ultrafast
infrared spectroscopy will be required to unravel the dynamics
of the initial events in hydride photolysis. The subsequent
oxidative addition of the thiol proton to Ni+ forming the Nia-C
state is downhill, as is clear from the steady state populations of
Nia-C and Nia-I

(1/2), but there is a barrier of 32 kJ/mol for this
reaction. Importantly, the conservative E17Q substitution is
expected to maintain some degree of H-bonding character,
while also potentially donating H-bonds through the amide

Scheme 2. Square Scheme for PCET between Nia-S and Nia-
I1a

aActive proton involved in PT is shown in red, and electron involved
in ET shown in blue. Nia-I

1 and Nia-C are isoelectronic tautomers. ΔG
is expressed for each reaction as written from left to right or top to
bottom.
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NH2 group. Thus, E17Q is expected to have a similar
photoproduct distribution, but no PCET chemistry, consistent
with our observations.
It is critical to the present analysis that the E → Q mutation

minimally perturbs the active site environment and solely
inhibits proton transfer by the dramatic increase in pKa of the Q
side chain relative to E. Two potential alternative perturbations
could occur which may affect the PCET chemistry observed
during hydride photolysis: (1) the structure could be perturbed
such that the native proton acceptor is structurally incapable of
accepting the proton or (2) the mutation may modulate the
active site reduction potential affecting the ET component of
the PCET event. The structural perturbations of active site
resulting from the E17Q exchange appear to be small from the
infrared spectrum of the mutant, which displays numerous
known intermediates that appear very similar to the WT
enzyme. The hydride photolysis dynamics, including recombi-
nation kinetics and thermodynamics, are also preserved in
E17Q. The E→ Q exchange has been structurally characterized
in the [NiFe] H2ase from D. f ructosovorans,45 as well as
numerous other residues along the proposed PT pathway
terminating with the conserved glutamate.88 The structural
perturbation induced by the Q substitution is minimal, with an
approximately 0.3 Å elongation of the O−S distance between Q
and C side chains. To our knowledge all of the structures
reported to date for [NiFe] H2ases contain O−S distances too
long to be formal H-bonds. It must then be inferred that
structural rearrangements would be required for efficient
PCET. This is consistent with the high temperature factors
observed for both glutamate and cysteine side chains observed
in the native crystal structures of [NiFe] H2ases.

5 Our previous
work17,55 suggests this conformation must be dynamic in order
to facilitate the observed PCET via proton nuclear tunneling.
As such, the resting structure observed by crystallography
probably does not represent the PCET active conformation.
As noted previously, it must also be considered that the E →

Q substitution may affect the electronic properties of the active
site, which in turn affect the active site oxidation potential and
therefore modulate the (PC)ET rate. The necessary electronic
perturbation resulting from the E → Q substitution can be
estimated by a Marcus analysis of the electron transfer kinetics
in the Nia-I

1 → Nia-S conversion (Supplemental Discussion).
We estimate that the rate of Nia-I

1 → Nia-S conversion must be
retarded by ∼10 to become unobservable in the current
experiments. To satisfy this, a change in ΔG0 of 12 kJ/mol
(−120 mV) would be required. This perturbation is quite large
for a single conservative point mutation, and we thus favor the
interpretation that the E → Q exchange prevents PT rather
than ET.
It is interesting to compare the PCET mechanism proposed

herein (E−C mechanism in Scheme 1), and the alternatively
postulated mechanism for PT via the bridgehead arginine. As
noted before, the arginine residue has been shown to aid in H2
activation in the E. coli Hyd-1,47 implying it has some role in
proton management. It is clear that both arginine and glutamate
are necessary for the observed activity of the [NiFe]-H2ases and
both are strictly conserved, but it is unclear how these two
observations may be reconciled into a complete and cohesive
mechanism for H2 activation and PT. It is possible for arginine
to also be relevant in PT, whereupon binding H2 in the Ni2+

Nia-S state, arginine functions as a Lewis base accepting the
proton generated by heterolytic H2 cleavage. Subsequently the
hydride, once oxidized, could be transferred out of the active

site via the E−C mechanism described previously. The
preference for protonation of arginine relative to cysteine in
the Nia-S ↔ Nia-SR transition could be dictated by the nature
of the divalent nickel, which shares less electron density with its
sulfur ligands relative to Ni+ in Nia-I, and thus lowers their pKa
values. This hypothesis would be difficult to reconcile with the
putative thiol based proton location in the Nia-SR state as
proposed by others.25,32,89−91 Alternatively, arginine may have
an electrostatic role in stabilizing the hydride by its positive
charge at the bridgehead position.

■ CONCLUSIONS

On the basis of steady state and photochemical properties of
the WT and E17Q SHI of Pf we establish that E17 acts as a
proton donor to the active site during the Nia-S to Nia-C
transition and modulates the concerted PCET reaction through
proton transfer across a hydrogen bond between a terminally
bound cysteine of the active site nickel and E17. While the
transient data support E17’s role in PT, the residual enzymatic
activity suggests alternative routes are necessary, possibly
involving a conserved arginine. This mechanism for controlling
PCET chemistry by outer coordination sphere effects could
find utility in biomimetic catalyst design and in extending the
synthetic modalities for promoting efficient PCET.
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